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The occurrence of Clostridium difficile infections in patients that do not fulfill the classical risk factors prompted us to investigate new risk factors of disease. The goal of this study was to characterize strains and associated antimicrobial resistance determinants of C. difficile isolated from swine raised in Ohio and North Carolina. Genotypic approaches used include PCR detection, toxinotyping, DNA sequencing, and pulsed-field gel electrophoresis (PFGE) DNA fingerprinting. Thirty-one percent
(37/119) of isolates carried both tetM and tetW genes. The ermB gene was found in 91% of isolates that were resistant to erythromycin (68/75). Eighty-five percent (521/609) of isolates were toxin gene tcdB and tcdA positive. A total of 81% (494/609) of isolates were positive for cdtB and carry a tcdC gene (a toxin gene negative regulator) with a 39-bp deletion. Overall, 88% (196/223)
of pigs carry a single C. difficile strain, while 12% (27/223) of pigs carried multiple strains. To the best of our knowledge, this is
the first report of individual pigs found to carry more than one strain type of C. difficile. A significant difference in toxinotype
profiles in the two geographic locations was noted, with a significantly (P < 0.001) higher prevalence of toxinotype V found in
North Carolina (84%; 189/224) than in Ohio (55%; 99/181). Overall, the study findings indicate that significant proportions of C.
difficile in swine are toxigenic and often are associated with antimicrobial resistance genes, although they are not resistant to
drugs that are used to treat C. difficile infections.

C

lostridium difficile is one of the leading causes of nosocomial
diarrhea and has increasingly been reported as an emerging
community-associated pathogen (17, 35). Each case of C. difficileassociated disease has been estimated to result in more than $3,600
in excess health care costs, and these costs may exceed $1 billion
annually in the United States alone (14, 17). Although elderly
hospitalized patients receiving antibiotics are the main group at
risk of infection, an increasing number of C. difficile infections
(CDI) in younger populations with no previous contact either
with the hospital environment or with antibiotics has been documented (17). The rising rates of CDI have largely been attributed
to the presence of the hypervirulent epidemic strain of C. difficile,
NAP1/027, but are not limited to this strain. The occurrence of
CDI in patients that do not fulfill the classical risk factors prompts
for the investigations of new risk factors.
C. difficile is also associated with disease in animal species, including swine, calves, and horses (11, 23, 30). Extensive work has
been conducted to describe C. difficile disease in swine; however,
published data on the epidemiology and molecular characterization of C. difficile from swine herds is limited (9, 30, 33, 35, 37).
Scientific data on the occurrence of phenotypically and genetically
similar strains from swine and humans are very limited.
The emergence of hypervirulent and epidemic strains has increased the interest in C. difficile typing and stimulated the application of newer genotype-based methods, such as PCR ribotyping
(3, 32), amplified fragment length polymorphism (AFLP) (18),
multilocus sequence typing (MLST) (16), multilocus variablenumber tandem-repeat analysis (MLVA) (34), and surface layer
protein A gene sequence typing (slpAST) (10). Other methods
have been used to characterize changes in the pathogenicity locus,
which is the chromosomal region that carries the key toxin genes
that render strains virulent or, in some cases, hypervirulent. The
pathogenicity locus is a 19.6-kb chromosomal segment found in
pathogenic strains of C. difficile that carry genes encoding entero-

2366

jcm.asm.org

Journal of Clinical Microbiology

toxin or toxin A (tcdA), cytotoxin, or toxin B (tcdB) and accessory
genes, including tcdC, tcdD, and tcdE. Variations in the pathogenicity locus sequence can be detected and provide the basis for the
commonly used classification scheme known as toxinotyping
(24).
There is little published data available on the antimicrobial
susceptibility of C. difficile isolated from pigs or for animals in
general (20, 33). The overall hypothesis of the study is that toxigenic strains of C. difficile are found in high prevalence in swine
and are phenotypically and genotypically similar to isolates of human origin. The current study was conducted to investigate and
characterize C. difficile of swine origin. The objectives were to
investigate the epidemiology and develop baseline data of C. difficile in swine at farm and slaughter, to investigate whether swine
could be sources of the organism to other pigs in the farm and to
the processing continuum, and to assess the public health significance of C. difficile strains of porcine origin using phenotypic and
genotypic analyses.
MATERIALS AND METHODS
Porcine fecal samples were collected from farms in North Carolina (n ⫽ 5)
and Ohio (n ⫽ 3). Details of collection, isolation, and antimicrobial resistance testing are described in a previous publication (33). Briefly, swine
fecal samples were collected from a cohort of 30 pigs at different stages of
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TABLE 1 List of primers used in this study
Primer
Gene or fragment

Name

Sequence (3=-5=)

Amplicon (bp)

Reference

tpi-F
tpi-R

AAAGAAGCTACTAAGGGTACAAA
CATAATATTGGGTCTATTCCTAC

230

13

tcdB

tcdB-F
tcdB-R

GGAAAAGAGAATGGTTTTATTAA
ATCTTTAGTTATAACTTTGACATCTTT

160

13

tcdA

tcdA-F
tcdA-R

AGATTCCTATATTTACATGACAATAT
GTATCAGGCATAAAGTAATATACTTT

369 (A⫹B⫹)/110 (A⫺B⫹)a

13

tcdC

Tim2Struppi2

GCACCTCATCACCATCTTCAA
TGAAGACCATGAGGAGGTCAT

345

28

cdtB

cdtBpos
cdtBrev

CTTAATGCAAGTAAATACTGAG
AACGGATCTCTTGCTTCAGTC

500

31

tetM

TETMd
TETMr

TGGAATTGATTTATCAACGG
TTCCAACCATACAATCCTTG

1,000

27

tetW

WRC1
WRC2

CATCTCTGTGATTTTCAGCTTTTCTCTCCC
AGTCTGTTCGGGATAAGCTCTCCGCCG

457

27

ermB

E5
E6

CTCAAAACTTTTTAACGAGTG
CCTCCCGTTAAATAATAGATA

711

29

B1C
B2N

AGAAAATTTTATGAGTTTAGTTAATAGAAA
CAGATA ATGTAGGAAGTA AGTCTATAG

21

A3C
A4N

TATTGATAGCACCTGATTT ATATACAAG
TTATCAAACATATATTTAGCCATATATC

21

Gene
tpi

Fragment
B1

A3
a

The amplicon size for toxin A-positive (A⫹) strains was 369 bp. However, toxin A-negative (A⫺) strains showed a smaller size, 110 bp.

production, including farrowing, nursery, and finishing stages in the two
geographic regions. C. difficile isolates were compared using antimicrobial
resistance profiles, antimicrobial resistance gene detection, toxin gene detection, restriction fragment length polymorphism (RFLP) toxinotyping,
and pulsed-field gel electrophoresis (PFGE). Fecal samples were collected
from a total of 251 piglets and 68 sows at farrowing. Piglets were identified
and again sampled at the nursery stage. All bacterial isolation was completed at North Carolina State University using standard protocols (38).
Antimicrobial resistance testing was also completed at North Carolina
State University using Epsilometric test strips. One isolate per animal was
selected for testing. The isolates were tested against an antimicrobial panel
consisting of ampicillin (Amp; MIC, 2 g/ml [range, 0.016 to 256 g/
ml]), ciprofloxacin (Cip; MIC, 8 g/ml [range, 0.002 to 32 g/ml]), erythromycin (Ery; MIC, 2 g/ml [0.016 to 256 g/ml]), metronidazole (Met;
MIC, 16 g/ml [range, 0.016 to 256 g/ml]), tetracycline (Tet; MIC, 4
g/ml [range, 0.016 to 256 g/ml]), and vancomycin (Van; MIC, 4 g/ml
[range, 0.016 to 256 g/ml]).
All isolates were further confirmed as C. difficile by the amplification of
the tpi gene. Primers were tpi specific (Table 1) and generated a 230-bp
amplified fragment specific for C. difficile (16). PCR was done using Illustra PuReTag Ready-To-Go PCR beads (GE Healthcare, Buckinghamshire,
United Kingdom). Each 25-l reaction mix contained 2.5 U of PureTaq
DNA polymerase; 10 mM Tris-HCl (pH 9.0 at room temperature); 50
mM KCl; 1.5 mM MgCl; 200 M dATP, dCTP, dGTP, and dTTP; and
stabilizers, including bovine serum albumin (BSA). Thermocycler running conditions included an initial denaturation step at 95°C for 15 min
and then 30 cycles of a denaturation step at 95°C for 1 min, primer annealing at 54°C for 1 min, and an extension step at 72°C for 1 min. The
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final extension time was 7 min at 72°C. The reaction mix was then held at
4°C. Reference isolates of human origin were received from the Centers
for Disease Control and Prevention (CDC) and had been previously characterized by PFGE NAP (North American pulsed-field) typing and toxinotyping. Strains used included a NAP1/toxinotype III strain (CDC4118),
an unnamed/toxinotype XIV strain (CDC7167), a NAP5/toxinotype O
strain (CDC5496), and a NAP7/toxinotype V strain (CDC5127).
PCR was done to identify toxins of the pathogenicity locus region
(tcdA, tcdB, and tcdC), binary toxins (cdtB), and antimicrobial resistance
genes (tetW, tetM, and ermB) (Table 1). Clostridium difficile DNA was
extracted using the Qiagen DNeasy tissue kit (Qiagen, Valencia, CA).
PCR-RFLP toxinotyping was adopted from previously described methods
(24, 25). Briefly, the amplifications of B1 and A3 fragments of the pathogenicity locus region were done using the primers as described in Table 1.
PCR was done using Illustra PuReTag Ready-To-Go PCR beads (GE
Healthcare, Buckinghamshire, United Kingdom) as described above.
Thermocycler running conditions were 93°C for 3 min and then 35 cycles
of 51°C (A3) or 57°C (B1) for 8 min, followed by 93°C for 3 s. The run is
completed by 47°C for 10 min and a hold at 4°C. The B1-amplified products were then cut with two restriction enzymes, AccI and HincII, and the
A3-amplified products were cut with the EcoRI restriction enzyme. All
restrictions were then visualized on 1% agarose gels with 0.5⫻ Tris-borate-EDTA (TBE) buffer. Known types of restriction patterns are then
determined using the published tables (24).
DNA fingerprinting was done using PFGE. A total of 105 isolates were
genotyped, including 101 swine isolates and four control strains provided
by the CDC (Atlanta, GA). Swine isolates were selected as representatives
from each farm and each toxinotype found within each farm. The proto-
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FIG 1 Distribution of tet resistance genes through MIC ranges of isolates of swine origin. The total number of isolates found to be resistant to tetracycline and
therefore tested by PCR for the presence of tet genes was 200. The total number with a MIC of ⱖ4 was 119.

col used was a modified version of the previously reported methods (12).
Fresh, isolated single colonies were added to 2 ml of cell suspension buffer
(CSB). The cells were resuspended in 300 l of Gram-positive lysis buffer
and dispensed into the plug molds. Plugs were digested using SmaI. The
standard markers, Salmonella enterica BAA-664 plugs, were also digested
using XbaI at the same time. PFGE parameters used were a gradient of 6,
run time of 18 h, included angle of 120, initial switch time of 5 s, and final
switch time of 40 s. After the run was complete, the gel was stained using
5 l/ml of ethidium bromide in distilled water and photographed using
Gel Doc 2000 (Bio-Rad). Images were analyzed using Bionumerics 4.0
(applied Math) using a Dice similarity coefficient and a unweighted-pair
group method using average linkages (UPGMA) dendrogram type. Position tolerance settings included optimization at 1.50% and position tolerance at 2.0%.
The characterization of the toxin regulator gene tcdC was conducted
by amplification and DNA sequencing. tcdC fragments were amplified
using the PCR protocol and gel electrophoresis protocol as described
above. PCR products were extracted from the gel using the QIAquick gel
extraction kit (Qiagen, Valencia, CA). Sequencing was done using a Beckman Coulter GenomeLab dye terminator cycle sequencing with quick
start kit and Beckman Coulter CEQ 8000 genetic analysis system (Beckman Coulter, Fullerton, CA). All sequencing results were analyzed and
confirmed using the basic local alignment search tool (BLAST).

RESULTS

C. difficile prevalence. C. difficile was isolated from 73% (n ⫽
183) of farrowing piglets, with a significantly higher prevalence in
Ohio (87.5%) than North Carolina (64%). C. difficile was also
isolated from 47% (n ⫽ 39) of sows, with no significant difference
being noted between the two geographic regions. One pig was
found to be positive at the nursery (33).
Antimicrobial resistance genes. Of the 119 isolates found to
be resistant to tetracycline, 97% (116/119) and 32% (38/119) of
the isolates were positive for the tetM and tetW genes, respectively.
In addition, 31% (37/119) of the tetracycline-resistant isolates
were carried both tetM and tetW genes (Fig. 1). The ermB gene was
found in 91% of the isolates that were found to be resistant to
erythromycin (68/75). The majority (97%; 66/68) of isolates with
a MIC of ⬎256 g/ml were found to carry the ermB gene. A total
of 88.6% (39/44) isolates that were resistant to both erythromycin
and tetracycline tested positive for both the ermB and tetM genes.
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Toxin gene PCR detection and sequencing. Toxin gene detection using PCR was completed on a total of 609 isolates of porcine
origin, 346 from North Carolina and 263 from Ohio. These isolates originated from the 223 total pigs that were positive for C.
difficile, characterizing up to 3 colonies per pig. Eighty-five percent
(521/609) of isolates tested were tcdB and tcdA positive. A small
proportion, 1.1% (7/609), was tcdB positive and tcdA negative. A
total of 81% (494/609) were positive for cdtB and also carried a
tcdC gene with a 39-bp deletion. A tcdC gene with no noted deletion was also found in 5.6% (34/609) of the isolates.
Toxin gene profiles were assessed based on PCR and DNA
sequencing, and four profile types were noted. The majority of
isolates, 80% (487/609), carried genes encoding enterotoxin, cytotoxin, and the binary toxins (tcdB, tcdA, and cdtB), and these
strains carried the corresponding downregulator gene, tcdC, with
a 39-bp deletion (profile type 1). The second group consisted of
5.6% (34/609) of the isolates, which were positive for the toxin
genes on the pathogenicity locus region (tcdB and tcdA) with no
deletion of the downregulator gene, tcdC, and negative for the
binary toxin marker gene cdtB (profile type 2). An additional two
profiles, including a nontoxigenic one, were detected, as shown in
Table 2.
The heterogeneity of toxin gene profiles among C. difficile
strains isolated from individual pigs was assessed. Overall, 88%
(196/223) of pigs carried only one type of C. difficile, and 12%

TABLE 2 Description and prevalence of toxin profile types
Toxin gene profilea

Profile type

% Prevalence (no.
positive/total no.)

A⫹B⫹, cdtB⫹, and 39-bp
deletion in tcdC gene
A⫹B⫹, lacking cdtB, and no
deletion in tcdC gene
A⫺B⫹, cdtB⫹, and 39-bp
deletion in tcdC gene
A⫺B⫺, lacking cdtB and tcdC

1

80 (487/609)

2

5.6 (34/609)

3

1.1 (7/609)

Nontoxigenic

13 (81/609)

A⫹ and A⫺ represent the presence and absence of tcdA, and B⫹ and B⫺ represent the
presence and absence of tcdB, respectively.
a
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TABLE 3 Toxinotyping results from isolates of swine origina
No. (%) from:
Toxinotype (n ⫽ 223)

OH

NC

Total

V
Nontoxigenic
V and Nontoxigenic
O
V and O
V and V-like

55 (56)
25 (26)
14 (14)
1 (1)
2 (2)
0

107(85)
0
0
8 (6)
7 (6)
4 (3)

162 (73)
25 (10)
14 (6.3)
9 (4.0)
9 (4.0)
4 (1.8)

a
This is a comparison at the pig level, with the total number of pigs found positive for
C. difficile being 223 (126 from NC and 97 from OH).

(27/223) of the pigs carried more than one type of C. difficile. The
majority of pigs, 73% (162/223), carried only the profile type 1
strain. A total of 11.2% (25/223) of pigs carried only a nontoxigenic strain of C. difficile, and a small percentage (4.0%; 9/223)
carried only isolates that were profile type 2. The majority of pigs,
6.3% (14/223), that carried more than one strain carried one nontoxigenic isolate and one profile type 1 isolate. A few pigs, 4.0%
(9/223), carried both type 1 and type 2. A small group of pigs, 1.8%
(4/223), carried both profile type 1 and profile type 3.
Geographic comparison of C. difficile isolates. Differences
were noted between C. difficile isolates of swine origin from North
Carolina and Ohio. A significantly larger number of isolates from
North Carolina (88%; 306/346) were profile type 1, tcdB positive,
tcdA positive, and cdtB positive, and they carried a tcdC gene with
a 39-bp deletion compared to the tcdC gene of the Ohio isolates
(69%; 181/263) (P ⬍ 0.001). North Carolina (8.1%; 28/346) was
also found to have a significantly higher prevalence of profile type
2 isolates than Ohio (2.3%; 6/263) (P ⬍ 0.005). There was a significantly higher prevalence of nontoxigenic (profile type 4) C.
difficile strains in Ohio (29%; 75/263) than in North Carolina
(1.7%; 6/346) (P ⬍ 0.001).
PCR-RFLP toxinotyping. Toxinotyping was done on 324 isolates; at least one isolate was selected per pig, with additional isolates selected when variations in toxin gene carriage were detected.
More than one isolate was selected only from the pigs with heterogenicity found during toxin gene detection. All toxinotypes found
were types that had been reported previously. The most common
toxinotype found in the isolates was toxinotype V (89%; 289/324).
Other toxinotypes found included toxinotype O (8.9%; 29/324)
and toxinotype V-like (1.9%; 6/324). Most pigs (73%; 162/223)
were found to carry only toxinotype V. Ten percent (25/223) of
pigs were found to carry nontoxigenic isolates. A relatively small
proportion of the pigs (4.0%; 9/223) carried only toxinotype 0.
Overall, 12% of pigs carried more than one toxinotype. Toxinotype V and nontoxigenic strains were found in 6.3% (14/223) of
pigs, toxinotypes V and O were found in 4.0% (9/223) of pigs, and
toxinotypes V and V-like were found in 1.8% (4/223) of pigs (Table 3).
Further, we determined the extent of geographic variations of
toxinotypes. Toxinotype V was found more commonly in North
Carolina (84%; 189/224) than in Ohio (55%; 99/181) (P ⬍ 0.001).
Swine in North Carolina were also found to carry a significantly
higher prevalence of toxinotype O (10%; 23/224) than Ohio
(3.3%; 6/181) (P ⬍ 0.001). In return, a higher prevalence of nontoxigenic strains of C. difficile (41%; 75/181) was found in Ohio
than in North Carolina (2.7%; 6/224) (P ⬍ 0.001).
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PFGE genotyping. A total of 101 isolates of swine origin were
genotyped using PFGE (Fig. 2). The selection was done systematically to represent each state and farm, as well as toxin gene carriage variations noted among farms. Using a breakpoint threshold
of 80% similarity, a total of 20 genotypic clusters were identified. A
large portion of the isolates of swine origin, 33% (35/105), were
found to have 86.3% or more genetic similarity (cluster 3). The
isolates in this large cluster were all toxinotype V strains but were
from multiple different farms, and they included isolates from
both geographic regions (North Carolina and Ohio). A second
cluster (cluster 2), containing 20 isolates of swine origin, was
found to have 100% similarity. This cluster contained all toxinotype V isolates, all of which were from North Carolina farm 5,
and included 11 piglet strains and 1 isolate from the nursery age
group. Another cluster of 12 isolates with 100% genetic similarity was also noted (cluster 1). This cluster contained all nontoxigenic strains, all from two farms in Ohio (11 from one farm
and 1 from a second farm). Three isolates, all toxinotype V and
from one farm in North Carolina, were found to be 88.4%
similar to one of the reference strains, the human CDC NAP7
(cluster 4). Overall, isolates were found to cluster within toxinotypes but not geographic origin, although multiple clusters
per toxinotype were found.
DISCUSSION

Community-associated infections are a rising concern in the epidemiology of C. difficile. This study identified a potential food
animal source of such infections. Parallel to the findings of this
study, recent investigations reported that as many as 47.6% of
litters and 90% of herds are infected with C. difficile (29, 36). In the
Netherlands, patients infected with ribotype 078 were younger
(67.4 versus 73.5 years) and had community-associated disease
more frequently (17.5% versus 6.7%) than patients infected with
ribotype 027 (27). Similarly to the findings reported here, previous researchers have found genetic relatedness among strains isolated from humans and pigs, suggesting a possible epidemiological relationship (4, 13).
There is little published data available on the antimicrobial
susceptibility of C. difficile isolated from pigs and other food animals (20, 33), and there is even less on antimicrobial resistance
genes. Based on this study, the majority of C. difficile isolates
(80.5%) have a MIC of ⬎32 g/ml for ciprofloxacin. This finding
is in agreement with previous reports, which have noted that the
older fluoroquinolones, such as ciprofloxacin, have moderate to
poor activity against C. difficile (7). One recent study found all
isolates of swine origin to be sensitive to metronidazole and vancomycin, 98% were sensitive to chloramphenicol, and 90% were
sensitive to tetracycline (20). Previous studies have reported that
the majority of C. difficile strains with tetracycline resistance
have the tetM gene, which is carried on a conjugative transposon
(19). The tetW gene has the second largest host range of the tetracycline resistance genes, second only to tetM. In this study, the
tetM gene was found in 97% of resistant isolates and the tetW gene
was found in 32% of tetracycline-resistant isolates of swine origin.
There did not appear to be a combined benefit to carrying both
genes, as isolates that carried both tetM and tetW genes had a wide
range of MICs within the resistant zone.
The ermB gene has been found to encode macrolide lincosamide and streptogramin resistance and has been shown to result
in high levels of resistance (15, 22). This gene was found in 91% of
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FIG 2 PFGE dendrogram showing the extent of clonal relatedness among C. difficile isolates. TTX, toxinotype.

erythromycin-resistant isolates in this study. Of those isolates
found to carry this gene, 97% were found to have a MIC of ⬎256
g/ml, which is consistent with previous reports. This gene appears to play a significant role in high-level erythromycin resistance in C. difficile isolated from swine. A large portion of the
isolates that were resistant to both erythromycin and tetracycline
were found to carry both the ermB and the tetM genes. A link
between these two resistance genes has previously been described
in C. difficile isolates of human origin, where they are associated
with a Tn916-like element (31). Further studies to characterize
these elements in swine and to determine if they are linked would
be noteworthy.
Toxin gene results for these swine are similar to results previ-
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ously published, and all combinations of genes have been previously reported for food animals (20, 23, 33). This study is the first
known report of heterogeneity in C. difficile strains carried within
individual pigs, although this has been found previously in humans at a rate of approximately 7% (5). The findings clearly imply
that the characterization of a single isolate from a subject (i.e., pig)
could be misleading, as pigs may carry multiple strains at the same
time. Such carriage of multiple strains by one pig could promote
the horizontal transfer of resistance genes and toxin genes between
strain types.
The major toxinotype, toxinotype V, which was found commonly in the present study, has also been reported previously (1, 2,
24). Toxinotype V-like has been reported recently (8). However,
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FIG 2 continued

to the best of our knowledge, this is the first study indicating its
occurrence among isolates of swine origin. Toxinotypes V and O
have also been reported in humans (8, 26). The common occurrence of toxinotype V in the present study underscores a potential
concern, as this type has been associated with community-associated disease and increasing prevalence in CDI in humans (6, 21,
26, 27). Further investigation is necessary, as some recent reports
have found toxinotype V in asymptomatic people (21), and others
found that there was no association between virulence attributes
and clinical outcomes (28).
Previous studies have determined that PFGE has a high index
of discrimination for C. difficile (12). PFGE results showed many
samples clustering within toxinotypes as well as within farms. For
example, a large cluster of 100% similar nontoxigenic isolates
were mostly from one Ohio farm, although one isolate within that
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cluster was from a second Ohio farm. All clusters noted were
found to carry only one toxinotype, although one toxinotype was
found to split into separate clusters within the dendrogram, showing diversity within the toxinotype. This finding was expected, as
toxinotyping only describes one small part of the genome and
PFGE is descriptive of the total genomic DNA.
In comparisons of swine strains to control CDC isolates, clusters included isolates of swine and human origin. Although this is
concerning for public health reasons, further information is
needed to determine the epidemiological relationship of these isolates. As mentioned by previous studies which have found highly
similar isolates in human and swine, it is possible that strains
humans and strains in pigs are of a common source, but these
findings do not show a direct causal or epidemiologic relationship
among the isolates (4). Further research is needed to determine
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the potential transmission of swine isolates to humans, either
through contaminated food, environmental contamination, or
other exposure routes.
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